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A P P L I E D  S C I E N C E S  A N D  E N G I N E E R I N G

A miniaturized implantable electrochemical platform 
for continuous monitoring of metabolites in deep tissue
Kenneth E. Madsen1,2*, Dane Hintermueller1, Elliot A. Opel3, Joseph G. Ribaudo4, Sara Saffari4, 
Soongwon Cho1, Joanna L. Ciatti1,5, Yu-Ting Huang1,6, Amanda M. Westman4, Ralph G. Nuzzo2,7, 
Mitchell A. Pet4*, John A. Rogers1,3,5,6,8,9*

The loss or suppression of local metabolic function in living tissues brought about by a lack of oxygen availability 
(ischemia) serves as the origin for myriad life-threatening conditions including stroke, heart failure, and periph-
eral ischemic injury. Despite the pressing clinical need to evaluate local tissue health, platforms that support such 
analysis remain elusive. To address this need, we present a wireless, minimally invasive, multianalyte, electrochem-
ical probe supporting the continuous profiling of local metabolites including K+ and pH, and the semicontinuous 
profiling of lactic acid. We validate the analytical capabilities of our sensing system by ion profiling in arterial whole 
blood. Furthermore, we use acute compartment syndrome as a model for tissue ischemia and use our percutane-
ously implanted probes to track metabolic changes in living muscle in real time.

INTRODUCTION
Disruptions to local tissue metabolism induced by insufficiencies in 
oxygen supply remain among the most common and detrimental eti-
ologies of mortality in the developed world (1). The consequences of 
prolonged disruptions to normal cellular respiration brought about 
by a reduction or total loss of tissue perfusion (ischemia) are appar-
ent in numerous pathologies including ischemic stroke, myocardial 
infarction, mesenteric ischemia, chronic limb threatening ischemia, 
and acute compartment syndrome (ACS) among many others (2–6). 
The potential severity of ischemic insult makes the prompt detection 
of metabolic changes in target tissues imperative to affect successful 
clinical intervention before the onset of irreversible damage.

The need for prompt clinical intervention is apparent in cases of 
ACS, wherein ischemia, localized to a muscle compartment (stemming 
from direct trauma or ischemia/reperfusion), induces tissue swelling 
and a concomitant increase in compartment pressure (Fig. 1A). With 
no avenue for pressure relief, this swelling can result in the compression 
of the venous system draining the compartment, reinforcing a positive 
feedback loop that exacerbates swelling and further increases compart-
ment pressure resulting in tissue necrosis. Current clinical reports sug-
gest that the onset of ACS generally occurs within 12 to 24 hours of 
initial trauma, with some cases proceeding within 2 to 3 hours. Simi-
larly, if ACS is allowed to progress without timely intervention (within 
4 hours), irreversible tissue necrosis of the affected area is very likely 
(7). At present, the only clinical remediation available for ACS is a 
surgical fasciotomy to return the compartment to normal pressure/
perfusion (8–10). While surgical fasciotomies are effective at restoring 

normal tissue perfusion, they are accompanied by extended hospital 
stays, increased treatment cost, infection, and cosmetic issues. Further-
more, failure to recognize ACS as it onsets is among the most heavily 
litigated issues in interventional medicine (11–14). To this end, tech-
nologies capable of monitoring tissue perfusion and metabolic health 
in real time could be invaluable in the prophylactic treatment of local 
oxygen deficiencies or in the early detection of ACS to minimize the 
severity of tissue damage (15).

Existing technologies to quantify the onset of ACS primarily rely 
on direct measurement of compartment pressure using either single-
point (16) or continuous recording apparatus (17, 18). Other work 
has aimed to use blood flow (19, 20) or tissue oxygen saturation 
(StO2) (21) to evaluate tissue perfusion to provide an early diagnosis 
of tissue distress. Last, implantable electrochemical biosensors have 
been demonstrated to directly monitor the chemical onset of meta-
bolic disruptions associated with ischemia. Implantable lactate (22–
24), potassium (25, 26), oxygen (27–29), and pH (30, 31) probes have 
seen successful deployment in blood (23, 25, 26, 29) and muscle 
(28, 30, 31), making electrochemical detection an attractive approach 
to track metabolic changes proximal to sensing electrodes. Unfortu-
nately, most of these demonstrations only support single-analyte 
quantification and rely on comparatively bulky recording apparatus, 
limiting the versatility and convenience of these sensing systems.

Here, we report the development of a robust, minimally invasive, 
multianalyte electrochemical probe facilitating the continuous quan-
tification of tissue potassium and pH, and the semicontinuous profil-
ing of lactate as universal byproducts of anaerobic cellular respiration 
(Fig. 1B). While numerous other biomarkers can be used for similar 
profiling (glucose, O2, and creatine kinase), we focus on these targets 
due to the comparative maturity of electrochemical strategies for their 
detection and their prevalence in existing literature describing the 
biochemical presentation of ACS. Contrasting alternative methods to 
evaluate tissue distress, electrochemical methods offer direct and ab-
solute quantification of local metabolites, providing a rich body of 
information to characterize the onset of metabolic insufficiencies 
regardless of origin. Electrochemical reporters are independent of 
blood pressure or other hemodynamic considerations, making them 
a more direct method to evaluate tissue health and viability. Simi-
larly, the ability to profile multiple analytes (metabolites and ions) 
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Fig. 1. Metabolite targets and electrochemical probe construction. (A) Schematic depiction of trauma induced limb compartment syndrome. (B) Anaerobic bio-
chemical cascade induced by ischemia leading to the up-regulation of glycolysis and generation of measurable deviations in local potassium, lactate, and H+ concentra-
tions. (C) Operating concept for an implantable electrochemical probe to continuously measure local metabolite concentrations. (D) Photograph of a fully assembled 
electrochemical probe. (E) Side-on photograph taken at the base of the probe head highlighting its delivery via a 14-gauge intravenous catheter. (F) Magnified view of 
the probe head highlighting individual electrode pads. (G) Electrode locations facilitating continuous K+, pH, and lactate measurement. (H) Measurement and communi-
cation protocol. (I) Photograph of the AFE circuit supporting electrochemical data collection. (J) Photograph of the fully assembled sensing platform including a 3D-
printed case housing and detachable electrochemical probe. (A), (C), and (H) were produced using Adobe Illustrator. (G) was rendered in Blender.
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simultaneously provides greater confidence in the determination of 
tissue distress and offers the possibility to mechanistically evaluate the 
dynamics of tissue metabolism in response to insult.

The electrochemical platform considered here consists of a single-
use, multianalyte implantable probe supporting six individually 
addressable macroscopic (millimeter-scale) electrodes within a suffi-
ciently small footprint (1-mm diameter) to accommodate percutane-
ous introduction via an intravenous catheter. Despite their small size, 
these electrochemical probes incorporate engineering strategies (re-
cessed electrode wells, patterned structures for mechanical engage-
ment with tissue, and superelastic support armatures) to improve 
electrode stability and signal quality in the biomechanically challeng-
ing environments encountered in living muscle tissue. Using a combi-
nation of laser patterning, soft lithography, and injection molding, this 
platform merges the signal multiplexing common to microelectrode 
arrays with the stability of macroscopic electrochemical architectures. 
Furthermore, the multianalyte probes described here maintain excep-
tional flexibility and robustness similar to the mechanical attributes 
associated with coated wire assemblies. Last, by coupling electrochem-
ical probes with custom wireless recording apparatus, we demonstrate 
the unique capability of this electrochemical platform to profile early 
changes to cellular metabolism heralding the onset of severe ACS in 
living muscle tissue in real time. More broadly, this platform may 
prove amenable to other electrochemically active biomarkers, making 
it a versatile approach to biochemical profiling in the challenging envi-
ronment of live tissue.

RESULTS
Platform design
The metabolite sensing system considered here comprises an implant-
able catheter-type electrochemical probe and dermally mounted re-
cording/communication module as depicted schematically in Fig. 1C. 
The double-sided probe supports a total of six individually addressable 
electrodes with a sufficiently small footprint to accommodate per-
cutaneous implantation through an intravenous catheter (14-gauge, 
1.588-mm inner diameter). Probes are assembled in two sections: a 
polyimide (PI) sensing head, and a nitinol reinforced body connecting 
the head to the recording module. A semicylindrical resin sheath (with 
a maximum outer diameter of 1.4 mm; fig. S1) serves to encapsulate/
protect the electrodes, yielding the flexible assembly displayed in 
Fig. 1D. In addition to its role as encapsulant, the sheath also serves to 
mechanically anchor the probe within target tissue via patterned barbs 
along the top and bottom surfaces of the device (Fig. 1E). The nominal 
top side of the device (presented photographically in Fig. 1F) contains 
potentiometric sensing electrodes for pH and K+, and a solid-contact 
Ag/AgCl reference electrode (Fig. 1G, top). The bottom side of the 
probe supports lactate sensing elements with another Ag/AgCl refer-
ence electrode, a Au counter electrode, and an enzyme-loaded, lactate 
sensing electrode (Fig. 1G, bottom).

Data acquisition and transmission are accomplished by means of a 
dedicated electrochemical analog front end (AFE) communicating via 
a serial peripheral interface (SPI) to a Bluetooth low-energy (BLE) sys-
tem on chip (Fig. 1, H and I). The sensing system leverages the AFE’s 
working, counter, and reference electrodes to facilitate discrete am-
perometric lactate profiling. Likewise, the AFE’s general purpose ana-
log inputs continuously record potentiometric data from the two 
cation sensing electrodes, which can then be sent wirelessly to BLE-
enabled devices for real-time sensor calibration and data visualization. 

Due to the single, on-chip, analog to digital converter, amperomet-
ric and potentiometric profiling cannot proceed simultaneously; 
thus, amperometric data are acquired at discrete time points rather 
than continuously. The total footprint of the recording apparatus is 
3 × 6 cm2 and accommodates quick replacement of disposable elec-
trochemical probes through a top-mounted snap connector (fully 
assembled system presented in Fig. 1J).

To support data streaming from the recording apparatus, com-
munication and visualization are accomplished through a custom 
MATLAB script, which also enables user control over potentiostat 
functions. The data acquisition software provided here accommo-
dates real-time data visualization of potentiometric and ampero-
metric profiles. Similarly, control functions allow the user to initiate 
a single on-demand amperometric measurement if desired. Other 
functions allow for a full hardware reset of the AFE, a sensor cali-
bration function for single-point calibration using standard solu-
tion, and an internal sensor self-test to evaluate the reliability of 
in vivo data. Specifically, the sensor self-test measures the voltage 
difference between the two reference electrodes implanted in the 
medium and records an error if the voltage deviation is greater than 
a target value (10 mV). Greater detail on software implementation 
and communication capabilities is provided in the Supplemen-
tary Materials.

Probe design and mechanics
Figure 2A presents an exploded-view schematic of the distal end of 
the electrochemical probe detailing the interconnect circuitry link-
ing the sensing head and probe body. The probe head is assembled 
from laser-patterned Au electrodes supported on flexible PI film 
(75-μm thickness). The electrode assembly abuts a flexible printed 
circuit board (FPCB) onto which copper leads (outer diameter of 
80 μ m) are attached to facilitate data transmission. Electrical con-
nection between traces on the probe head and to those on the FPCB 
is realized with two bridging circuits patterned from single-sided 
Au/PI film. Polyolefin heat-shrink tubing is used to align overlap-
ping traces and form robust elastic connections between disparate 
components. Following the union of the probe head and body, de-
vices are encapsulated in a semicylindrical resin sheath via injection 
molding (fig. S2) leaving patterned apertures (300-μm depth; fig. S3, 
A and B) to expose individual electrodes. This approach (detailed 
completely in Materials and Methods and fig. S2) permits the fabri-
cation of probes of arbitrary length (fig. S4) with diverse encapsula-
tion geometries to control the mechanical coupling between the 
probe and tissue.

Figure 2B presents height profiles from three different encapsula-
tion geometries including a flat, textured (sinusoidal, 600-μ m wave-
length, 150-μ m amplitude), and barbed (400-μ m height, 1.5-mm 
length) surface topology. The mechanical interaction between these 
geometries and muscle tissue is quantified in Fig. 2C by force-
displacement curves obtained during probe explantation from a tis-
sue facsimile. Regardless of surface geometry, all probes display 
similar retaining forces at low displacement, likely associated with 
local tissue deformation. At larger displacements, flat and sinusoi-
dally textured surfaces display a rapid decrease in retaining force as 
probes slip from their initial positions. Per contra, barbed probes 
exhibit a dramatic increase in force prior to slipping. The peak mag-
nitude of this force is presented in Fig. 2D, displaying a fivefold 
increase in retaining force from barbed probes relative to sinusoi-
dally textured probes, and a 10-fold increase relative to flat probes 
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indicating the positive engagement of barbs anchoring the probe with-
in the tissue. Notably, despite the positive mechanical engagement 
with tissue, barbs are still sufficiently small to accommodate delivery 
via a catheter. This allows the retraction of probes without inducing 
tissue damage beyond what is already incurred on probe delivery.

While the geometry of the encapsulating sheath improves probe 
retention, modifications to the probe body yield similar improve-
ments to probe implantation. To ensure reliable and stable device 
delivery along a catheter sheath, a nitinol core is incorporated into 
the probe body (inset of Fig. 2F). Figure 2E provides representative 
force-displacement curves obtained during uniaxial probe compres-
sion and subsequent relaxation to simulate probe implantation. Re-
gardless of construction, devices exhibit a roughly constant force 
plateau during compression associated with the elastic deformation 

of the probe body with modest hysteresis during relaxation due to 
heat dissipation and deformation losses common to viscoelastic and 
polymeric materials (32, 33). Notably, probes assembled with a niti-
nol core develop much greater forces under equivalent deformation 
than those without a core, indicating greater probe stiffness accom-
panying nitinol reinforcement. These data, consolidated in Fig. 2F, 
support the use of mechanical reinforcement to improve probe de-
livery without incurring potentially destructive device deformations. 
Last, Fig. 2G presents water barrier measurements of the encapsulat-
ing sheath in an aqueous environment [phosphate-buffered saline 
(PBS), pH 7.4] during cyclic deformation (5% compressive deforma-
tion, 0.1-Hz compression frequency). The negligible leakage current 
obtained over 24 hours supports the functionality of the encapsulat-
ing sheath in preventing water infiltration to probe interconnects.

Fig. 2. Implantable probe construction and mechanical characteristics. (A) Exploded view schematic of the distal end of the implantable electrochemical probes high-
lighting the sensing probe head and the interconnect circuitry facilitating communication with the recording module. (B) Height profiles of different surface textures pat-
terned along the outer surface of the probe encapsulation. (C) Simulated explantation of probes with different surface topologies from a tissue facsimile. (D) Peak force 
developed during explantation as a function of probe topology (n = 3 replicate devices; boxes, full range of values; lines, mean values). (E) Bending mechanics obtained from 
linear compression of implantable probes fabricated with (blue trace) and without (black trace) a nitinol support. (F) Steady-state implantation force developed during 
uniaxial compression of implantable probes (n = 9 measurements from three replicate devices; black symbols, measured values; boxes, interquartile range; horizontal lines, 
mean values; whiskers, 5th to 95th percentiles). (G) Leakage current obtained from an implantable probe during uniaxial cyclic compression. (A) was rendered in Blender.
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Potentiometric sensor assembly and calibration
Figure 3A presents an exploded view schematic of the top side of the 
electrochemical probe, detailing the electrode treatments necessary 
to achieve potentiometric pH and K+ quantification. Accurate cation 
quantification in this configuration is predicated on a stable, chemi-
cally invariant, reference potential, realized here with a solid-contact 
Ag/AgCl reference electrode. Figure 3B details the composition of 
the reference electrode, which leverages an Ag/AgCl transducing 
layer, a composite membrane of AgCl/Ag nanoparticles (AgNPs), 
and a protective layer of agarose (cross-sectional optical micrograph 

displayed as inset). The electrochemical performance of the AgNP 
electrode is presented in Fig. 3 (C and D), compared against elec-
trodes fabricated with membranes composed of a sulfonated fluo-
ropolymer (Nafion; black trace) and NaCl-loaded polyvinylbutyral 
(PVB; red trace). Figure 3C provides the open-circuit potential of 
these electrodes in PBS measured against a commercial double-
junction Ag/AgCl electrode. While all electrodes display stable base-
line potentials, the low ionic conductivity and concomitantly high 
membrane impedance of PVB (300 kilohm; fig. S5) result in electrodes 
with unacceptably high root mean square noise (RMS = 6.82 mV, 

Fig. 3. Potentiometric sensing module and in vitro calibration studies. (A) Exploded view schematic of the top side of the implantable ion sensing platform highlight-
ing potentiometric cation sensors for K+ and pH. (B) Detailed cross-sectional schematic of reference electrode chemistry facilitating stable, chemically invariant perfor-
mance in various media (inset presents a cross-sectional optical micrograph of the electrode assembly). (C) Reference potential stability compared against a commercial 
double junction Ag/AgCl electrode (inset provides the RMS noise displayed by different reference chemistries). (D) Reference electrode response to a 100-fold decrease 
in exogenous Cl−. (E) Raw potentiometric response of the K+ sensing electrode in different media. (F) Potentials developed at the K+ sensing electrode at different K+ 
concentrations in different fluid environments. (G) Raw potentiometric response of the pH sensing electrode in different media. (H) Potentials developed at the pH sens-
ing electrode in different fluid environments (error bars for all measurements represent one standard deviation from the mean obtained from replicate devices; n = 3). 
(A) and (B) were rendered in Blender.
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inset). This noise is markedly diminished by the inclusion of a high 
mass loading of AgNPs (RMS = 0.917 mV) likely due to the in-
creased concentration and mobility of Ag+ and Cl− within the mem-
brane (fig. S5).

In addition to the reduction in overall noise, AgNP solid contact 
electrodes demonstrate lower potentiometric deflection with chang-
es to exogenous Cl− activity when compared against Nafion or PVB 
membranes. Figure 3D displays the change in electrode potentials 
when subject to a 100-fold decrease in Cl− activity (additional poten-
tiometric data provided in fig. S5A). While Nafion and PVB mem-
branes exhibit large potential changes (15.9 and 6.8 mV, respectively), 
AgNP electrodes display greater Cl− insensitivity (0.47 mV) over the 
same concentration range. The Cl− insensitivity persists even over 
long durations (12 hours), with reference electrodes displaying sta-
ble (<3-mV drift) potentials in both chloride-rich (150 mM) and 
chloride-deficient (50 mM) environments (fig. S5).

Leveraging the chemical insensitivity and potential stability of the 
AgNP reference electrodes, ion-selective membrane electrodes (ISEs) 
are used to realize selective potentiometric potassium sensing. In 
this configuration, potassium-sensing ion-selective membranes 
(ISMs) consist of a conducting film of polyethylenedioxythiophene: 
polystyrenesulfonate (PEDOT:PSS) coated with a valinomycin-loaded 
polyvinylchloride (PVC) membrane as described elsewhere (30, 34). 
The potassium response of each electrode is presented in Fig. 3E in a 
0.1 M NaCl electrolyte, a protein-loaded NaCl solution [0.5 wt % bo-
vine serum albumin (BSA)], an agarose gel (1 wt % agarose), and a 
tissue facsimile (pork loin incubated in standard calibration solution). 
Sensing electrodes exhibit near-Nernstian potentiometric responses 
to changes in local [K+] irrespective of the sampling environment 
(slope = 51.5 ± 2.6 mV decade−1; Fig. 3F), confirming the suitability of 
this electrode architecture in quantifying local ion activity even when 
in direct contact with a solid or semisolid boundary. In addition to the 
K+ ISM, a polyaniline (PANI) pH sensing electrode is also included to 
complete the cation sensing module. The pH sensor is fabricated by 
electrodeposition and subsequent conditioning by cyclic voltammetry 
in H2SO4 (10 mM). Figure 3G presents calibration data for pH sensing 
electrodes in the same solution environments used to calibrate the K+ 
sensor. As detailed in Fig. 3F, PANI films display linear potentiometric 
responses to pH with a slope of 55.7 ± 0.7 mV decade−1 in good agree-
ment with a one-electron Nernstian redox couple (35).

In addition to sensitivity, sensor stability in physiological media 
is a critical consideration. To align with current clinical demands, 
sensors should be capable of extended recording times (12 hours) to 
monitor the metabolic health of at-risk tissues following injury. The 
long-term stability of potentiometric sensors both in heparinized 
arterial whole blood and in the same tissue facsimile used for sensor 
calibration is presented in fig. S6. Sensors display low drift (<3 mV) 
for recording durations less than 12 hours, supporting the feasibility 
of this electrode architecture in delivering critical biomarker data 
over a clinically relevant duration. Recording durations longer than 
12 hours result in sufficiently large sensor drift that recalibration or 
replacement is necessary (ΔV > 5 mV). If longer recording dura-
tions are desired, the percutaneous delivery of probes via catheter 
supports rapid device replacement (implantation time of ~30 s) to 
extend the functional recording lifetime.

Amperometric sensor assembly and calibration
Figure 4A presents an exploded view schematic of the bottom side of 
the electrochemical probe detailing electrode modifications necessary 

to facilitate amperometric lactate quantification. The lactate module 
is assembled as a three-electrode cell with a lactate oxidase (LOx) 
working electrode, a Au counter electrode, and a second AgNP refer-
ence electrode. An enzyme-loaded chitosan membrane drop-cast on 
the porous gold working electrode serves to oxidize exogenous lactate 
to pyruvate with the concomitant reduction of O2 to H2O2. An elec-
trocatalytic layer of Prussian blue deposited on the electrode surface 
reduces the resulting peroxide to H2O, yielding a measurable reduc-
tive current correlated with the local lactate concentration (36).

Despite its activity toward peroxide reduction (37, 38), the stabil-
ity of Prussian blue films under continuous reductive polarization is 
limited due to the aqueous solubility of Fe(II) and the progressive 
basification of analyte solution during peroxide reduction (39, 40). 
These limitations can be circumvented, however, by changing the 
measurement approach from continuous reduction to semicontinu-
ous pulsed reduction as elucidated in Fig. 4B. Under this protocol, 
the working electrode remains inactive (allowed to relax to its open 
circuit potential) until time of measurement. During measurement, 
the working electrode is first polarized reductively (−0.2 V, 30 s) to 
consume locally high levels of H2O2 generated by LOx. Following this 
prereduction, the working electrode is allowed to return to its baseline 
potential during which time LOx continues to generate H2O2 in re-
sponse to nearby lactate. Following a 30-s relaxation period, the elec-
trode is again polarized reductively (−0.2 V, 30 s) with the current 
recorded during this second pulse regarded as the true measurement.

Figure 4C presents finite element simulations of the above proto-
col under assumptions of a diffusion-limited electrode reaction with 
Michaelis-Menten enzyme kinetics (details provided in fig. S7) (41). 
With an ambient lactate concentration of 5 mM, concentration maps 
of local H2O2 report a high steady-state value (>0.6 mM) near the 
electrode surface due to the continuous action of LOx. This high 
starting concentration decreases substantially (<0.1 mM at 30 s) 
during initial reductive polarization due to the electrocatalytic de-
composition of H2O2 at the electrode/solution interface. Following 
the conditioning pulse, H2O2 concentrations begin to increase as 
LOx consumes exogenous lactate. Last, during the measurement 
pulse, the working electrode reduces the H2O2 generated during the 
recovery period, resulting in the simulated chronoamperometric 
traces presented in Fig. 4D. Overall, this analysis suggests that a 
pulsed measurement protocol is effective at removing high local 
H2O2 concentrations and standardizing the electrode environment 
for measurement, thereby improving the reproducibility of lactate 
quantification. Likewise, long-term studies (figs. S6 and S8) reveal 
the high stability of Prussian blue under a pulsed measurement pro-
tocol, reporting little drift even after 85 sequential measurements in 
10 mM sodium lactate (total measurement duration of ~9 hours).

Figure 4E provides chronoamperograms obtained from lactate 
biosensors in different environments at progressively increasing lac-
tate concentrations (only the measurement pulse is presented for 
clarity). Irrespective of environment, lactate probes display the char-
acteristic Cottrellian decay expected of a diffusion-limited electro-
chemical reaction (35), indicating nominal device function in diverse 
liquid and semisolid media. Furthermore, probes display a progres-
sive increase in the magnitude of reductive current density with in-
creasing lactate concentration. This trend is quantified in Fig. 4F 
by sampling the electrode current 10 s after the onset of reduction. 
Probes display a linear correlation between current density and local 
lactate concentration within a physiologically relevant range regard-
less of the calibration medium. Furthermore, good reproducibility is 
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Fig. 4. Amperometric sensing module, finite element simulations, and in vitro calibration studies. (A) Exploded view schematic of the bottom side of the implant-
able ion sensing platform highlighting the electrode assembly facilitating amperometric lactate sensing. (B) Example pulse protocol implemented to accommodate sta-
ble amperometric data collection. (C) Finite element simulation of the pulsed protocol displayed in (B) at a 5 mM steady-state lactate concentration. Simulations depict 
H2O2 concentrations surrounding the probe at steady state (left), during prepolarization (left middle), during recovery (right middle), and during final measurement 
(right). (D) Comparison of experimental and simulated amperometric responses. (E) Chronoamperometric traces obtained during the measurement pulse from probes 
immersed in standard lactate solutions in different solution environments. (F) Reductive current values sampled 10 s into the measurement pulse correlated to the con-
centration of lactate (error bars represent one standard deviation from the mean; n = 3). (G) Chronoamperograms obtained at a lactate concentration of 5 mM in PBS with 
the sequential addition of 10 mM interfering species followed by concentration to 10 mM lactate (red trace). (A) was rendered in Blender.
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obtained across probes when sampled using the pulsed protocol, re-
vealing a coefficient of variance of 0.091 across three probes when 
measured in PBS (5 mM exogenous lactic acid).

Additional evaluation of the dynamic range of the lactate sensing 
module is presented in fig. S9 where unmodified lactate sensors dis-
play stable function up to ~20 mM lactate. Higher concentration 
ranges (up to 40 mM) can be accessed by the addition of a diffusion-
limiting membrane [cellulose acetate butyrate (CAB)]; however, this 
was deemed unnecessary in practice, as physiological concentra-
tions did not exceed 15 mM. Similarly, as the expected serum lactate 
concentration falls around 1 mM, and concentrations above 4 mM 
constitute lactic acidosis, unmodified probes are well capable of mon-
itoring these levels in whole blood. In a tissue environment, local 
lactate can exceed these values, reaching levels above 25 mM in ex-
treme cases of ischemia (42). In these instances, probes modified 
with a CAB membrane would be appropriate. Likewise, due to the 
multiplexed assembly of the probes considered here, it is possible to 
include two lactate working electrodes (one uncoated and one CAB-
coated) to extend the reliable sensing range to cover even the most 
severe cases of tissue acidosis.

Last, Fig. 4G presents chronoamperometric data obtained from 
lactate sensors immersed in a 5 mM solution of sodium lactate in 
PBS with the addition of 10 mM of common interfering species (so-
dium ascorbate, glucose, and uric acid). Electrodes display negligi-
ble changes in signal in the presence of these interferents. In addition 
to interfering species, the long-term stability of lactate sensing elec-
trodes is presented in fig. S6 in whole blood and a tissue facsimile. 
Over the course of 12 hours, little change is apparent in the ampero-
metric response, reinforcing the capability of pulsed measurement 
in standardizing the electrode current response.

Ion quantification and sensor validation in arterial 
whole blood
The results presented in Figs. 3 and 4 demonstrate the sensitivity and 
selectivity of the multianalyte electrochemical probe and validate its 
functionality in various liquid and semisolid media. Further valida-
tion of this platform is realized by ion quantification in arterial whole 
blood samples collected from anesthetized swine during periods of 
normal oxygenation and induced hypoxia. Sequential periods of nor-
mal breathing and controlled hypoxemia are induced via control of 
the animals’ breathing gas and monitored in real time by SpO2 quan-
tification. Figure 5A displays a representative deoxygenation profile 
with two periods of induced hypoxia. An indwelling arterial line 
affords continuous access to whole blood samples, and an arterial 
blood gas (ABG) analyzer provides ground truth chemical composi-
tions to compare against results obtained electrochemically.

Figure 5B presents raw ABG data obtained from blood samples 
during a normoxic baseline (B), and during periods of hypoxia (H) 
and normoxemia (N) correlated against SpO2 (purple trace). Single 
point concentrations of systemic lactate (black), potassium (red), 
pH (blue), and chloride (green) are obtained from each sample (a 
complete panel of chemical species detected by ABG is provided in 
fig. S10). Substantial changes to circulating ion concentrations are 
apparent in nearly all species of interest, with blood lactate, potas-
sium, and chloride increasing during initial deoxygenation. These 
changes align well with previous literature on systemic deoxygen-
ation and are characteristic of anaerobic metabolic activity (43). No-
tably, despite the marked increases in concentration during the initial 
deoxygenation cycle, subsequent cycles do not display further increases 

in circulating ion concentrations. Furthermore, despite reintro-
duction of oxygen to the breathing gas during periods of recovery 
(marked by the prompt recovery of SpO2), ion concentrations do not 
decrease, indicating the sluggish whole-body clearance of metabolic 
by-products following periods of extended systemic hypoxia.

Figure 5C presents electrochemical data collected from the same 
samples analyzed by ABG in Fig. 5B. Raw potentiometric and am-
perometric data are converted to ion concentrations using two-
point calibrations obtained for each probe prior to measurement 
(calibrations performed within 2 hours of measurement). For clari-
ty, potentiometric data are shifted based on each probe’s calibration 
in PBS. Voltage traces obtained from K+ and pH sensing electrodes 
display minimal potentiometric drift and comparatively little noise 
during blood measurement. Likewise, the progressive increase in 
electrode potential for K+ and the negligible change in electrode po-
tential for pH agree qualitatively with the changes in ion activity 
reported by ABG. Amperometric lactate sensing electrodes also ex-
hibit low noise, displaying the expected Cottrellian profiles associ-
ated with a diffusion-limited electrode reaction. This, coupled with 
the progressive increase in reductive current (IT = 10 s) following ini-
tial suffocation, suggests the stable operation of electrochemical bio-
sensors in arterial whole blood.

The quantitative agreement between ABG analysis and electro-
chemical measurement is presented in Fig. 5 (D to F) for a total of 
six probes from two separate experiments. Figure 5 (E and F) dem-
onstrates strong linear correlations between the concentrations of 
K+ (R2 = 0.83) and lactate (R2 = 0.91), determined electrochemi-
cally with those obtained from ABG. Due to the negligible changes 
to circulating blood pH, a similar correlation could not be estab-
lished for the pH sensing electrode; however, pH values determined 
electrochemically agree quantitatively with those obtained by ABG 
within ±0.1 log10([H+]).

Model systems for local tissue ischemia
The results presented in Fig. 5 demonstrate the stable operation of the 
multianalyte electrochemical platform in a physiologically relevant 
environment (blood). To extend this functionality to tissue, electro-
chemical probes were evaluated using two porcine model systems for 
local muscle ischemia. Porcine experimentation was conducted under 
general anesthesia, in the context of an Institutional Animal Care and 
Use Committee (IACUC)–approved nonsurvival model using Berk-
shire pigs (IACUC number 21-0415). The first, referred to here as the 
“flap model,” involved the implantation of electrochemical probes into 
pedicled rectus abdominis myocutaneous flaps raised upon live anes-
thetized swine, as displayed schematically (right) and photographi-
cally (left) in Fig. 6A. Within this model, the tissue volume into which 
probes are introduced is completely isolated from the surrounding 
physiology apart from the deep superior epigastric artery/vein and the 
superficial superior epigastric vein, which provide necessary blood 
flow to maintain tissue perfusion. Occlusion of either the arterial sup-
ply or venous return (by the application of an Acland clamp) affords 
direct, reversible, and repeatable tissue deoxygenation to mimic the 
hypoxic tissue environment encountered during ACS.

In addition to the flap model, electrochemical probes are also 
evaluated in a live swine model of hindlimb compartment syndrome 
(21), to more closely mirror the physiology of human ACS. In this 
system, referred to here as the “compartment model,” a balloon 
catheter is implanted between the anterior muscle compartment of 
the hind limb and the anterior face of the tibia (Fig. 6B). Changes to 
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compartment pressure are induced by inflating or deflating the bal-
loon with compartment pressure quantified in real-time using a trans-
ducer connected to a slit catheter placed 1 cm lateral to the tibia.

Electrochemical characteristics obtained from tissue flaps
Figure 6C presents ion profiles obtained from indwelling electro-
chemical probes, implanted via an intravenous catheter (implanta-
tion depth ~4 cm, defined by the length of the catheter sheath) during 
a single course of ischemic insult and recovery. Prior to the onset of 
ischemia, probes exhibit stable baseline potentials and chronoam-
perometric traces (Fig. 6D), reporting cation concentrations within 
the expected physiological range for healthy tissue (K+: expected = 
1 to 3 mM, measured = 2 ± 0.3 mM; pH: expected = 7.4, mea-
sured = 7.3 ± 0.1). Starting anion concentrations were slightly elevat-
ed on average (lactate: expected ≈ 1 mM, measured = 3.0 ± 0.5 mM) 

in raised flaps, possibly due to local trauma incurred during flap 
preparation and probe placement.

Dashed vertical lines demarcate the onset and termination of ar-
terial occlusion. At the onset of arterial clamping, and for a brief time 
(~90 s) immediately following, little change is observed in the poten-
tials developed by potassium and pH sensing electrodes, indicating 
the initial maintenance of normal metabolic function. As ischemia 
progresses, however, rapid and statistically significant changes in 
[K+] (P = 2.4 × 10−5), [H+] (P = 5.6 × 10−5), and [lactate] (8.3 × 
10−6) materialize relative to baseline as evidenced by positive poten-
tiometric deflections obtained from cation sensing electrodes and an 
increase in the magnitude of reductive current developed at lactate 
sensing electrodes. Metabolic changes reach maxima (>5 mM K+, 5 
to 7 mM lactate, and pH < 6.7 at peak ischemia) between 10 and 
25 min postclamping, as displayed in Fig. 6G.

Fig. 5. Ion profiling in arterial whole blood and comparison against clinical gold standard. (A) SpO2 profile obtained during systemic deoxygenation of a live pig to 
modulate circulating ion concentrations. (B) Representative ion concentrations determined by ABG analysis of samples obtained at different levels of whole-body oxy-
genation. (C) Raw electrochemical data obtained from lactate (top), K+ (middle), and pH (bottom) electrodes during alternating periods of hypoxia and normoxemia. 
Ground truth comparison between ABG data and electrochemical (D) pH measurements, (E) K+ measurements, and (F) lactate measurements obtained from n = 3 de-
vices in two separate animal trials.
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Fig. 6. In vivo ion profiling during ischemic onset in a myocutaneous flap and peripheral muscle compartment. (A) Schematic representation (left) and digital 
photograph (right) of tissue flap ischemia model. (B) Schematic representation (left) and digital photograph (right) of compartment ischemia model. (C) Representative 
electrochemical data and ion concentrations obtained from multianalyte probes implanted in a tissue flap. (D) Chronoamperometric traces used to compute lactate 
concentrations presented in (C). (E) Representative electrochemical data and ion concentrations obtained from multianalyte probes implanted in a muscle compartment. 
(F) Chronoamperometric traces used to compute lactate concentrations presented in (E). (G) Initial (hollow box) and maximum (filled box) biomarker concentrations ob-
tained during flap (left) and limb (right) measurements. (H) Metabolic recovery 90 min post-ischemia in both the tissue flap (left) and compartment (right) models. (I) Rate 
of metabolic changes induced during ischemic onset in both the tissue flap (left) and compartment (right) models (total n = 5 devices for each physiological model; 
symbols, measured values; boxes, interquartile range; horizontal lines, mean values; whiskers, 5th to 95th percentiles). (A) and (B) were produced using Adobe Illustrator.
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Despite the prompt increase in metabolite concentrations, little 
biochemical change is observed on clamp removal despite the re-
turn of normal tissue perfusion. Even after 90 min of reperfusion 
without additional insult, metabolite concentrations remain elevat-
ed with only modest recovery toward baseline values (K+: 23 ± 25% 
recovery, pH: 39 ± 20% recovery, lactate: 29 ± 4% recovery; Fig. 6H). 
This suggests that the time frame for full biochemical recovery in 
this tissue model exceeds the duration of the present experiment. It 
could also reflect incomplete reversibility in the tissue ischemia model 
resulting from permanent damage to the cellular volume into which 
the electrochemical probes are introduced.

Electrochemical characteristics obtained from 
muscle compartments
Ion profiles and amperometric traces obtained from compartment-
model measurements are provided in Fig. 6 (E and F), respectively. 
Many of the electrochemical characteristics present in the flap model 
are reflected in the compartment model. Both models show stable ion 
profiles prior to initial insult, with a significant increase in local ion 
concentrations following ischemic injury (pressure maintained above 
120 mmHg). Despite the different methodology used to affect blood-
supply occlusion, comparable ion concentrations are developed across 
both models (>5 mM K+, 5 to 9 mM lactate, and pH < 6.6 at peak 
ischemia; Fig. 6G). Physiological differences emerge in the rate at 
which these biochemical changes proceed. While results obtained 
from the limb model display a gradual change in biomarker concen-
tration (progressive increases over the span of ~20 min), results from 
the flap model report much faster accumulation (full biochemical 
change in 5 to 10 min) in response to ischemic insult as quantified 
in Fig. 6I. Statistically significant differences are apparent in the first 
time derivative of pH (flap: −13.2 ± 9.9 pH hour−1, limb: −2.7 ± 1.3 pH 
hour−1; P = 0.047) and lactate (flap: 15.4 ± 4.7 mM hour−1, limb: 
10.0 ± 1.8 mM hour−1; P = 0.047) signals. While differences are ap-
parent in the onset of K+, the probe-to-probe variance is too great to 
draw statistical inference (flap: 45.4 ± 39.7 mM hour−1, limb: 15.0 ± 
5.1 mM hour−1; P = 0.13). The origin of this high variance is possibly 
the result of heterogeneities in target tissues, as probes placed in closer 
proximity to supporting vasculature are expected to display differ-
ences in their temporal response. These differences are exacerbated in 
tissue flaps as changes occur over such a short timescale that devia-
tions of a few minutes can strongly influence the computed rate. Nota-
bly, when the rate of change is reduced, as in the limb model, variance 
is similarly reduced, suggesting that the probes themselves offer reli-
able recording, but the physiological model may need refinement to 
guarantee closer agreement based on sampling depth and tissue het-
erogeneity. Last, differences between the two models are also apparent 
in the rate of biochemical recovery 90 min post-insult, with the ob-
served recovery of K+ and lactate from limbs (K+: 71 ± 6%, lactate: 
57 ± 10%) significantly exceeding that of tissue flaps (K+: 23 ± 25%, 
lactate: 29 ± 4%) as presented in Fig. 6H (comparison P values K+ = 
0.0036, lactate = 0.0003).

To corroborate the ion concentrations determined by electro-
chemical measurement, a microfluidic collection catheter (fig. S11) is 
used to sample interstitial fluid (ISF) near (within 3 cm) the electro-
chemical probe implantation site for ex situ analysis. While lactate 
concentrations obtained with nuclear magnetic resonance spec-
troscopy align well with results obtained electrochemically (fig. S12), 
K+ concentrations determined with inductively coupled plasma 
mass spectrometry (ICP-MS) display elevated values relative to those 

obtained in vivo. While both the electrochemical measurement and 
ICP-MS data demonstrate an increase in K+ concentration following 
ischemia, with K+ increasing substantially following the onset of 
ischemia, the elevated starting concentration (5 to 6 mM) and very 
high final concentrations (~12 mM) obtained from ICP-MS suggest 
potential interference from intracellular potassium (during storage, 
transport, or digestion of samples) using this analytical method. The 
differences obtained from ex vivo lactate and K+ measurements reflect 
the relative concentrations of these species in the ISF ([K+] ≈ 3 mM, 
[lactate] ≈ 1 mM) compared against their intracellular concentrations 
([K+] ≈ 150 mM, [lactate] ≈ 3 mM depending on the cell) (44–46). 
Due to the high intracellular concentration of K+, even a small number 
of cells can contaminate the ISF volume, whereas this effect is expected 
to be far less severe for lactate. These challenges highlight the utility of 
an in vivo platform in characterizing tissue ion concentrations.

DISCUSSION
The multianalyte electrochemical platform described here accommo-
dates accurate, real-time, profiling of three key biomarkers (K+, pH, 
and lactate) associated with local and systemic metabolic dysregula-
tion. The sensing system consists of an implantable electrochemical 
probe interfaced with a wireless, reusable, recording/communication 
module transmitting real-time data to Bluetooth-enabled devices. 
The miniaturized electrochemical probe supports six individually ad-
dressable electrodes within a sufficiently small footprint (outer diam-
eter < 1.4 mm) to accommodate minimally invasive probe delivery 
through a 14-gauge intravenous catheter. Similarly, the incorporation 
of an elastic nitinol support and an injection molded encapsulating 
sheath improve probe implantation and retention, while simultane-
ously preventing direct contact between sensing electrodes and target 
tissues, improving signal stability and longevity.

Detailed benchtop evaluation of this system in myriad liquid and 
semisolid media (aqueous, hydrogel, and tissue facsimile) demon-
strates the selectivity and sensitivity of the electrochemical platform 
in accurately quantifying subtle changes to local ion concentrations. 
Similarly, long-term recording measurements demonstrate good 
agreement between the time frames for stable recording and the 
time frames relevant to ACS diagnosis and treatment (~12 hours). 
Furthermore, measurements in arterial whole blood validate the 
performance of the sensing system in physiological environments, 
with sensing accuracies comparable to those of a clinically relevant 
arterial blood-gas analyzer. Last, measurements in muscle tissue un-
der ischemic and normoxic conditions in two different physiologi-
cal models confirm the utility of the sensing platform in detecting 
local changes to tissue metabolism.

Notably, electrochemical probes display adequate stability and 
sensitivity to differentiate key physiological features from these dif-
ferent ischemia models. As described in Fig. 6 (H and I), the time 
dependence of metabolic changes differs based on model. While tis-
sue flaps display rapid changes to local ion concentrations, muscle 
compartments exhibit more gradual accumulation of anaerobic bio-
markers. Differences in metabolite accumulation between these two 
models may be due to the comparatively rapid and complete circula-
tory occlusion accessed in the flap model, which is not reflected in 
a limb compartment model. Similarly, the elimination of ancillary 
vasculature supporting the tissue flap may serve to reinforce the on-
set of deep ischemia. The restricted vascularization of the flap mod-
el also explains the slow biochemical recovery of tissue flaps when 
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compared with limbs, as biochemical clearance from flap tissue is 
completely reliant on a single vascular axis. While electrochemistry 
alone cannot unambiguously prove this hypothesis, it is supported 
by previous reports exploring the effects of ischemia on these model 
systems, wherein myocutaneous flaps display incomplete recovery 
of local StO2 (19) while ischemic limb models display more com-
plete recovery, following roughly equivalent bouts of local ischemia 
(21). Overall, this platform represents a useful technology for the 
determination of metabolic disruption in target tissues with poten-
tial applications in the early diagnosis of ACS and other pathologies 
induced by insufficiencies in local oxygen availability.

More broadly, multianalyte profiling of metabolic dysregulation 
in otherwise healthy tissue is critical in capturing early warning signs 
for the onset of local ischemia prior to irreversible tissue damage. The 
technology reported here offers such a measurement scheme without 
necessitating surgical intervention by the introduction of a mini-
mally invasive electrochemical probe to target tissues via a delivery 
catheter. The multielectrode assembly offers detailed profiling of 
clinically relevant metabolic biomarkers in the challenging environ-
ment of deep tissue with the potential for extended recording up to 
12 hours. Furthermore, the inclusion of internal calibration check-
ing, and the rapid percutaneous introduction of probes into tissue 
(implantation time < 1 min) supports rapid replacement of single-
use probes if an error is detected or if extended recording durations 
(>12 hours) prove necessary. Over longer recording durations, in-
flammation and infection at the implantation site may become im-
portant considerations. These factors, as well as the incorporation of 
this system into clinical workflows, are discussed in more detail in 
the supporting information.

The resolution of the sensing system aligns well with the conven-
tional diagnostic thresholds for metabolic dysregulation. The probes 
presented here can confidently resolve local changes in lactate as low as 
0.3 mM, supporting the early diagnosis of hyperlactemia ([lactate] > 
2 mM) and eventually lactic acidosis ([lactate] > 4 mM). Probes dis-
play a similar sensitivity to K+, displaying a quantifiable resolution 
of 0.5 mM, allowing the early detection of hyperkalemia ([K+] > 
5.5 mM) and physiologically dangerous K+ levels ([K+] > 6.5 mM). 
Furthermore, as tissue acidosis involves both an increase in lactate and 
a decrease in pH, the probes presented in this work allow a more con-
fident diagnosis of severe tissue acidosis by correlating data obtained 
from lactate and pH electrodes.

Results obtained from both benchtop and in vivo measurements 
demonstrate that this sensing architecture is capable of providing 
critical data on the health of tissues at risk of ACS due to trauma or 
reperfusion injury, marking the present technology as potentially im-
portant in improving surgical outcomes and reducing the costs asso-
ciated with interventional fasciotomy and debridement. Furthermore, 
due to the sensitivity and small size of the present technology, it has 
the potential to provide equivalent benefit in diagnosing less severe 
manifestations of tissue ischemia such as chronic exertional compart-
ment syndrome.

Beyond its utility in quantifying lactate, K+, and pH in vivo, the 
catheter-type probe and wireless recording module presented here 
represents a versatile electrochemical platform to profile biochemi-
cal signals in complex or inaccessible physiological environments. 
The assembly methods used to construct and encapsulate these sen-
sors permits the assembly of probes of variable length (up to and 
exceeding 1 m), supporting biochemical detection in deep tissue. 
Similarly, by modifying electrode chemistries, this architecture can 

be readily adapted for the detection of other biomarkers (Na+, Cl−, 
NH4

+, glucose, creatine kinase, O2, NO, etc.) amenable to either po-
tentiometric or amperometric sensing schemes. Last, the wireless 
recording platform described here represents a fully functional and 
reprogrammable potentiostat, whose operation can be customized 
to fit the needs of the measurement. This combination of structural, 
chemical, and measurement versatility marks the electrochemical 
technology disclosed here as a valuable tool for biochemical profiling 
in challenging physiological environments to provide critical diag-
nostic information supporting interventional medicine.

MATERIALS AND METHODS
Materials
Unless otherwise stated, all materials were used as received without 
further purification. Gold(III) chloride trihydrate (≥99.9%), gold wire 
(0.5-mm diameter, 99.99%), ammonium chloride (EMSURE), sulfuric 
acid (95.0 to 98.0%), aniline (≥99.5%), poly(sodium 4-styrenesulfonate) 
(average Mw ~ 1,000,000), 3,4-ethylenedioxythiophene (97%), valino-
mycin (≥99.0%), potassium tetrakis(4-chlorophenyl)borate (Selecto-
phore, ≥98.0%), bis(2-ethylhexyl) sebacate (Selectophore, ≥97.0%), 
poly(vinyl chloride) (Selectophore, high molecular weight), tetra-
hydrofuran (≥99.9%, anhydrous), silver nitrate (≥99.0%), sodium 
thiosulfate (99%), sodium hydrosulfite (≥82.0%), potassium chlo-
ride (≥99.0%), sodium chloride (≥99.0%), Nafion 117 containing 
solution (~5 wt % solution in a mixture of lower aliphatic alcohols 
and water), potassium hexacyanoferrate(III) (≥99.0%), potassium 
hexacyanoferrate(II) trihydrate (98.5 to 102%), iron(III) sulfate hy-
drate (97%), LOx (from Aerococcus viridans), chitosan (medium mo-
lecular weight), agarose (high electroendosmosis), and polyvinyl 
butyral were purchased from Sigma-Aldrich. PI films (75-μm thick-
ness, 15.24-cm width) were purchased from Argon. Gold (99.999%) 
and chromium (99.95%) pellets for electron beam evaporation were 
obtained from Kurt J. Lesker Company. Double-sided copper clad 
laminate (Pyralux, M916137) was purchased from DuPont. Stainless 
steel solder flux (Superior No. 71) was obtained from Superior Flux & 
Mfg. Co. Copper wire [44 American wire gauge (AWG)] was pur-
chase from Remington Industries. Polyolefin heat-shrink tubing 
was purchased from Raychem. Nitinol wire (180-μm diameter) was 
obtained from Component Supply Company. Photocurable epoxy 
[Norland Optical Adhesive (NOA) 61] was purchased from Norland 
Optical; two-part fast curing (5-min) epoxy was purchased from 
Devcon. Polydimethylsiloxane (PDMS; Sylgard 184) was obtained 
from Dow Corning.

Probe head fabrication
Implantable probe heads were fabricated from Au-coated PI films via 
laser ablation as detailed in fig. S2. Fabrication began with electron 
beam deposition of metal films (100-nm Au, 20-nm Cr adhesion 
layer, AJA International) onto a large PI substrate (75-μm thickness, 
surface area ~700 cm2) whose surface had been cleaned (sequential 
rinsing with water, isopropanol, acetone, and isopropanol) and treat-
ed with ultraviolet (UV) ozone (UVOCS; 5 min). Deposition was 
performed sequentially on both sides of the substrate at a constant 
rate of 1 Å s−1. Following deposition, the substrate was cut into rect-
angular pieces (50 mm by 75 mm), and symmetric electrode traces 
were defined on both top and bottom using a UV laser micromachin-
ing system (Protolaser U4, LPKF Laser and Electronics SE) at an out-
put power of 0.5 W in a single pass. This laser power was sufficient to 
affect the complete ablation of the Au/Cr layer along the cutting path 
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with little damage to the underlying PI (PI etching was observed to a 
depth of ~10 μm; fig. S2C). Following electrode patterning, individu-
al probe heads were cut from the substrate (0.5 W, 30 repetitions), 
which was peeled away leaving the completed sensing heads. Pattern-
ing in this fashion allowed the rapid and high yield production of 
electrochemical probes, with each 50 by 75 mm substrate yielding 60 
probes at a total patterning time of ~30 min.

Interconnect fabrication
Electrical connection between communication circuitry and the probe 
head was accomplished with a copper FPCB as detailed in Fig. 2A. 
FPCBs were patterned via laser etching (output power of 5.6 W, one 
repetition) from a double-sided copper clad laminate (Pyralux) lever-
aging the same approach detailed for the probe heads. Following cir-
cuit patterning, interconnects were cleaned by bath sonication in 
stainless steel solder flux (Superior No. 71, SRA Soldering Products) 
and isopropanol (3 min each) to remove oxidized copper and carbo-
naceous char residues. The interconnect assembly was completed by 
soldering enameled Cu wires (44 AWG, Remington Industries) to the 
six contact pads at the base of each interconnect.

Probe assembly
Solder-less pressure connections were used to link the electrochem-
ical probe head to the interconnect circuitry. Connections were real-
ized using polyolefin heat-shrink tubing (Raychem, Microfit) and 
flexible bridging circuits as detailed in Fig. 2A. Each probe consists 
of one double-sided sensing head connected to the corresponding 
FPCB via two bridging circuits (one above and one below). Bridging 
circuits were fabricated from Au-coated PI using the same method 
as the probe head and were designed to complement the terminat-
ing traces at the proximal end of the electrode array. In a typical as-
sembly, bridging circuits were attached on both sides of the probe 
head using a short (~5 mm) piece of heat-shrink tubing (254-μm 
inner diameter before shrinking). This assembly was then attached 
to the interconnect circuit using another piece of heat-shrink tubing 
(508-μm inner diameter before shrinking, 15-mm length) to form 
electrical contact between the FPCB and reinforce the intercon-
nect assembly.

To improve probe stability and implantation efficacy, a nitinol wire 
(180-μm diameter, 130-mm length) was attached to the proximal end 
of the interconnect circuit using polyolefin tubing (508-μm inner di-
ameter, 15-mm length). Connecting wires were then wrapped around 
the nitinol core to minimize the risk of circuit disconnect during 
probe deformation and to prepare the device for subsequent encapsu-
lation. The free ends of these wires were then soldered to a Cu FPCB 
terminating in a male board-to-board connector (2386586-1 386587-
1, TE Connectivity). Last, the circuit connections were potted with a 
two-part epoxy (Devcon, 5-min epoxy) to prevent water intrusion.

Electrode encapsulation
Electrochemical probes were encapsulated in a UV curable optical 
adhesive using the injection molding approach detailed schemati-
cally in fig. S2D. Briefly, two-part resin master molds were 3D print-
ed (Form3B, Clear V4 resin, Formlabs) to define the size, shape, and 
topology of the encapsulating structure. From these master molds, 
self-adhesive PDMS working molds were cast (25:1 base to curing 
agent, cured at 70°C, 2 hours) with the dual function of containing the 
injected adhesive and precluding its direct contact with the electrode 
pads. The latter was accomplished by PDMS pillared structures, 

which elastically and adhesively contacted electrode surfaces when 
the two sides of the mold were combined (fig. S2D).

A UV curable optical adhesive (NOA 61, Norland Products Inc., 
NJ, USA) was then injected into the mold at a constant rate (500 μl 
min−1) using a syringe pump (Harvard Apparatus). The filled mold 
was then cured under UV irradiation (1000 μW/cm2, Edmund Op-
tics, 45 min), after which the two halves of the mold were separated, 
liberating the fully encapsulated probe tip. A similar approach was 
used to encapsulate the probe body, using a PDMS mold featuring a 
cylindrical volume to completely cover the nitinol core and con-
necting wires linking the probe tip to the readout circuitry.

Electrochemical apparatus
All electrochemical measurements and depositions were performed 
using a Palmsens4 portable potentiostat unless otherwise specified. 
Multielectrode tests leveraged the electrode multiplexer (MUX) ad-
don allowing for simultaneous measurement from eight electrodes. 
Electrochemical impedance spectroscopy was conducted between 
1 MHz and 1 mHz at six points per decade with a sinusoidal voltage 
amplitude about the open-circuit voltage of 10 mV. Impedance fit-
ting was achieved using the ZFit functionality implemented in the 
EC-Lab software provided by BioLogic.

Preparation of porous gold working electrodes
High–surface area gold electrodes were used to increase the current 
densities obtained during amperometric lactate detection. The de-
position of porous gold structures was realized by electrodeposition 
from an aqueous solution of 10 mM AuCl3 ∙ 3H2O and 2.5 M NH4Cl 
as detailed elsewhere (47). Deposition was conducted at a constant 
voltage of −0.6 V versus Ag/AgCl for 60 s using a commercial Ag/
AgCl reference electrode (double junction, BASi) and Au wire coun-
ter electrode. Deposition of porous gold was evidenced by a distinct 
color change of the working electrode from lustrous gold to a matte 
red color and characterized by cyclic voltammetry and scanning 
electron microscopy (FEI Quanta 650; fig. S13).

Preparation of pH sensing electrodes
pH sensing electrodes were prepared by potentiometric deposition 
of PANI from an aqueous solution of 1 M H2SO4 containing 0.5 M 
aniline monomer. Deposition was affected by cyclic voltammetry 
between −0.2 and 0.9 V versus Ag/AgCl at a scan rate of 50 mV s−1 
for a total of three cycles using a commercial Ag/AgCl reference 
electrode and a Au wire as counter electrode (fig. S14). Following 
deposition, the electrode was rinsed with deionized (DI) water and 
voltammetrically cycled (−0.2 to 0.8 V versus Ag/AgCl, 100 mV s−1) 
for 100 cycles in 0.5 M H2SO4 to facilitate the complete removal of 
oligomeric species.

Preparation of K+ ISEs
Potassium sensing electrodes were prepared by the application of 
a K+ ISM to the surface of a PEDOT:PSS transducing electrode. 
PEDOT:PSS films were electrodeposited from an aqueous solution 
of 1 wt % NaPSS and 10 mM ethylenedioxythiophene via cyclic 
voltammetry between −0.2 and 1.2 V versus Ag/AgCl at a scan rate 
of 50 mV s−1 for a total of 20 cycles using a gold wire as counter 
electrode and a commercial Ag/AgCl reference electrode (fig. S14). 
Following deposition, a membrane cocktail was prepared consisting 
of 2 mg of valinomycin, 1 mg of potassiumtetrakis(4-chlorophenyl)
borate, 131 mg of bisethylhexylsebacate, and 66 mg of PVC in 1.5 ml 
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of tetrahydrofuran as reported elsewhere (30, 34). The precursor so-
lution was homogenized by sonication until all components fully 
dissolved (~15 min).

Prior to the application of the membrane, the PEDOT:PSS elec-
trode was dried at 90°C for a minimum of 2 hours to reduce the 
impact of deleterious water accumulation between the transducing 
film and the ISM (48). After drying, 2 μl of ISM solution were drop-
cast onto the electrode surface and allowed to air dry for 20 min 
followed by baking at 70°C for a minimum of 1 hour. Last, an aga-
rose membrane was applied to the electrode surface by drop-casting 
(2 μl, 1 wt % agarose in DI water) and allowed to dry at room tem-
perature for at least 2 hours. Prior to use, electrodes were incubated 
overnight in PBS (pH 7.4).

Preparation of reference electrodes
Preparation of solid-contact Ag/AgCl electrodes proceeded by the 
electrodeposition of metallic Ag and subsequent oxidation to AgCl. 
Ag was electrodeposited under a constant reducing current (50 μA, 
300 s) from an aqueous solution containing 0.25 M AgNO3, 0.75 M 
Na2S2O3, and 0.43 M Na2S2O4 using a portable potentiostat (Palm-
Sens4, PalmSens) with a polished Ag wire serving as counter and 
reference electrode as detailed elsewhere (49). The resulting Ag elec-
trode was subsequently oxidized to AgCl by polarization to 0.2 V 
versus Ag/AgCl in 0.1 M KCl. The successful conversion of Ag to 
AgCl was evident by an obvious color change from metallic gray to 
dark black and the formation of isolated halide crystals at the elec-
trode surface (fig. S14).

Due to the Nernstian Cl− response of Ag/AgCl electrodes in aque-
ous media, a buffer membrane was necessary to standardize the chlo-
ride activity near the electrode surface. Three membrane formulations 
were explored to serve this purpose: a sulfonated fluoropolymer 
(Nafion), a PVB membrane, and an Ag/AgCl nanoparticle–loaded 
PVB composite. Each membrane was applied by drop-casting 2 μl of 
the parent cocktail onto the Ag/AgCl contact followed by drying un-
der flowing N2 (~10 min) (50). A 5 wt % Nafion suspension in methanol 
served as the cocktail for Nafion membranes while the PVB mem-
brane was prepared as detailed elsewhere (51). In brief, a 10 wt % 
stock solution of PVB was prepared in methanol via ultrasonication. 
To this stock solution, NaCl (10 mg/ml) was added to yield a saturat-
ed solution of Cl− in the PVB matrix. This solution was then cast onto 
the electrode surface and allowed to dry completely.

The final formulation used the same PVB stock solution, again 
containing NaCl (10 mg/ml), to which AgNO3 (10 mg/ml) was add-
ed. Mixing this solution in a vortex mixer (2000 rpm, 5 min) yielded 
a white colloidal suspension of AgCl. One milliliter of this suspension 
was then added to a clear 1.5-ml auto-sampler vial (Ks-Tek) and pho-
toreduced by exposure to 365-nm light (1000 μW/cm2) for 30 min. To 
improve the homogeneity of photoreduction, the vial was placed on a 
rotating stage (60 rpm) while being illuminated from one side. Re-
duction was evident by the conversion of the white colloidal solution 
to a pink suspension due to the in situ formation of AgNPs. This solu-
tion was then immediately drop-cast onto the electrode surface and 
allowed to dry completely. Nafion-coated electrodes were used with-
out further modification, whereas PVB-based electrodes were incu-
bated in PBS overnight to improve the ionic conductivity of the 
membrane. Reference electrodes were tested both with and without a 
protective agarose coating (drop-cast, 2 μl, 1 wt % agarose in DI wa-
ter; fig. S5), and all physiological studies were conducted on devices 
with this agarose overlayer.

Preparation of lactate sensing electrodes
The preparation of lactate sensing electrodes began with the electro-
deposition of porous gold as described above followed by the deposi-
tion of Prussian blue as a selective hydrogen peroxide electrocatalyst 
(37). Prussian blue was electrodeposited under a constant reductive 
current density of 5 μA mm−2 for 5 min from an aqueous solution 
containing 20 mM K3Fe(III)(CN)6 and 20 mM Fe2(III)(SO4)3 using 
a gold electrode as counter and reference (52). Following the depo-
sition of the peroxide transducing layer, an enzyme solution was 
prepared by dissolving 1500 U/ml of LOx into PBS (pH 7.4). This 
solution was then mixed 1:1 by volume with a 1 vol % acetic acid so-
lution containing 0.6 wt % chitosan. This solution was then drop-cast 
onto the Prussian blue electrode (5 μl) and dried overnight at 35°C 
(53). Last, an agarose membrane was applied to the electrode surface 
by drop-casting (2 μl, 1 wt % agarose in DI water) and allowed to dry 
at room temperature for at least 2 hours.

Sensor calibration
Potentiometric and amperometric ion sensors were calibrated in 
several liquid and solid environments to mimic the physiological 
conditions encountered in living tissue. Baseline calibrations were 
conducted in aqueous solutions containing 0.1 M NaCl as back-
ground. For K+ sensor calibration, the total ionic strength of the 
solution was fixed at 0.1 M, adjusting the background NaCl concen-
tration accordingly (apart from the 1 M KCl measurement whose 
ionic strength was 1 M). pH calibration proceeded from a starting 
pH of 5 (by addition of HCl) titrating with NaOH to realize a pro-
gressively more basic environment. A commercial pH meter (Mettler 
Toledo FP20) was used to verify the target pH of the solution prior to 
measurement. Lactate calibration proceeded in PBS solution by the 
addition of sodium lactate. For each measurement, probes were given 
a 10-s equilibration time when introduced into new solution prior to 
the start of measurement. In addition to 0.1 M NaCl, a protein-rich 
environment was also investigated by the addition of 0.5 wt % BSA to 
evaluate any putative effects from protein biofouling during short-
term recording.

Validation in agarose gel
The performance of electrochemical probes in semisolid material was 
evaluated using agarose hydrogel. Gels were fabricated as follows: 0.2 g 
of agarose powder was added to 20 ml of 0.1 M NaCl and microwaved 
at 30-s intervals until the powder fully dissolved. This parent solution 
was allowed to cool to room temperature, at which point requisite 
amounts of KCl, sodium lactate, or HCl/NaOH were added to gener-
ate analogous standard concentrations to those reported in preceding 
section. Solutions were then allowed to cool at 4°C until the gel so-
lidified. Probes were evaluated by implantation into these gel samples 
following a 30-s equilibration time.

Validation in tissue facsimile
A tissue facsimile was used to evaluate the performance of electro-
chemical probes in a similar mechanical environment to living muscle. 
To this end, rectangular slabs (5 cm by 1 cm by 1 cm, length by 
width by height) of pork loin were cut, rinsed aggressively with DI 
water and soaked in calibration solutions (identical to those de-
scribed in preceding sections) for 15 min. Following this soaking 
time, slabs were dabbed dry with an absorptive cloth before intro-
ducing the electrochemical probe. Probes were placed between two 
identical slabs with electrodes facing the upper and lower surfaces of 
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the tissue. Between each measurement, probes were rinsed with DI 
water. Probes were allowed a 30-s equilibration time prior to the 
start of potentiometric or amperometric calibration.

Finite element simulation
Finite element simulations considering enzymatic activity and electro-
catalytic consumption of peroxide were performed using MATLAB 
to elucidate H2O2 and lactate concentrations near the electrode sur-
face both at rest and during active polarization (fig. S7C). The sim-
ulation cell for these simulations consisted of a 30 mm by 3 mm 
by 3 mm (length by width by height) volume using the designed 
geometry of the electrochemical probe. This volume was discretized 
homogeneously with a grid spacing of 0.05 mm, yielding a total voxel 
volume of 1.25 × 10−4 mm3. The model assumes Fickian diffusive 
transport of all chemical species, ignoring any contribution from so-
lution convection. Michaelis-Menten kinetics are assumed for LOx 
with a Menten coefficient of 2.6 mM with a maximum velocity of 
0.001 M s−1 (41). Diffusion coefficients for lactate and H2O2 were 
9.63 × 10−4 and 1.9 × 10−3 cm2 s−1, respectively (54, 55). Concentra-
tion gradients were computed every 0.1 s with steady-state ion gradi-
ents obtained by allowing the system to equilibrate for 900 s. During 
periods of reductive polarization, perfect electrocatalytic consump-
tion of H2O2 is assumed, such that [H2O2] at the electrode surface 
remains 0 mM. Simulated chronoamperograms are obtained from 
peroxide flux at the electrode interface assuming the two-electron re-
duction of peroxide to water at the Prussian blue surface. Additional 
simulation details are provided in the Supplementary Materials.

Probe validation in arterial whole blood
Initial physiological validation of electrochemical probes was con-
ducted in arterial whole blood collected from anesthetized pigs dur-
ing periods of normal oxygenation and induces suffocation. All 
animal experiments presented here were conducted in a nonsur-
vival model using Berkshire pigs with the approval of the IACUC 
(number 21-0415) at Washington University School of Medicine. 
This was performed as per US Department of Agriculture Animal 
Welfare Regulations at an accredited facility. In this study, two swine 
were used in separate experiments. Anesthesia was induced with 
Telazol, ketamine, and xylazine followed by maintenance with iso-
flurane. At the end of the experiment, each animal was euthanized 
with pentobarbital.

Circulating ion concentrations were modulated by progressive 
suffocation of sedated animals by N2 enrichment of the breathing gas. 
Undiluted whole blood samples were collected in heparinized syring-
es (1 ml, EXEL, USA) from an arterial line during periods of normal 
oxygenation and induced hypoxia. Immediately following collection 
(within ~2 min), blood samples were characterized with a critical care 
blood gas analyzer (Stat Profile Prime+, Nova Biomedical) and with 
electrochemical probes to directly compare the performance of the 
implantable electrochemical platform with a clinical standard.

Probe validation in myocutaneous tissue flaps
Probe validation in living muscle was performed by implantation 
into free-standing abdominal tissue flaps. Briefly, pedicled rectus ab-
dominis myocutaneous flaps were raised based upon the deep supe-
rior epigastric artery and veins in addition to the superficial superior 
epigastric vein (19). Individual probes were delivered into abdominal 
muscle tissue with an intravenous catheter (14-gauge, King Way 
Beauty Manufacturer, USA) to an approximate implantation depth of 

~6 cm. Multiple probes were deployed in each flap with a lateral sep-
aration of ~3 cm to provide replicate electrochemical measurement 
of the tissue volume. Probe deployment was completed within ~30 s 
of catheter insertion.

Following flap creation and probe implantation, probes were al-
lowed to equilibrate (while recording) for a minimum of 20 min to 
obtain stable baseline signal prior to ischemic insult. Ischemia was 
introduced by clamping the deep superior epigastric artery with an 
Acland clamp. Blood supply occlusion was maintained for at least 
15 min before the clamp was removed, returning normal perfusion 
to the tissue volume. Tissue flaps were allowed to recover for at least 
90 min following ischemic insult. Throughout this sequence of trau-
ma and recovery, potentiometric data from K+ and pH sensing elec-
trodes were collected, continuously pausing only during lactate 
quantification. Chronoamperometric lactate quantification was con-
ducted at intervals of 300 s during baseline collection and deoxygen-
ation, and intervals of 600 s during recovery (the total duration of 
each measurement was 90 s).

Probe validation in a peripheral muscle compartment
Electrochemical probes were further evaluated in a more realistic 
physiological model for ACS. In this model, control over compart-
ment pressure is realized by the insertion of a balloon catheter be-
tween the anterior muscle compartment of the animal’s hind limb 
and the anterior face of the tibia (Fig. 6D) as described elsewhere. 
Changes in compartment pressure are monitored using a pressure 
transducer connected to a slit catheter placed 1 cm lateral to the tibia. 
Electrochemical probes were introduced into the anterior muscle 
compartment using the same method described with the flap model 
and allowed to equilibrate for a minimum of 20 min prior to ischemic 
insult. Following this baseline measurement, saline was injected into 
the balloon catheter to rapidly (within ~2 min) increase compart-
ment pressure to a target range of 120 to 150 mmHg. Compartment 
pressure was held above 120 mmHg for 20 min, injecting additional 
saline whenever necessary to maintain target pressure. Following this 
20-min hold, the balloon was deflated, and the tissue was allowed to 
recover for at least 90 min.

Implanted collection catheter
A microfluidic collection catheter was assembled to affect the recov-
ery of ISF from target muscle tissues to validate the results obtained 
from implantable electrochemical probes. The catheter consisted of a 
nitinol frame supporting microfluidic tubing (50-μm inner diameter, 
PEEK, Element, Scotland) whose distal end had been perforated with 
regularly spaced holes (pitch: 1 mm) to improve collection yield. Mi-
crofluidic tubing was connected to a Luer lock syringe to provide 
mild negative pressure to encourage liquid transport into the collec-
tion area. A pressure release valve was also included to more ef-
fectively draw liquid through the microfluidic structure. A detailed 
description of this apparatus is provided in fig. S11.

Electronics module
The electronics enabling wireless, real time, three-electrode based 
electrochemical sensing of up to four distinct analytes were housed 
onboard a compact (30 × 60 mm2) rigid PCB (PCBWay). The main 
body was interfaced to the probe’s electrochemically active electrodes 
via an intermediary PCB with complimentary board-to-board con-
nectors (2386586-1 386587-1, TE Connectivity), ensuring reusabili-
ty, facile calibration, and probe replacement. The device itself was 
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powered by a small 85 mAh 3.7 V Li-Po battery (CDE, RJD2032C-
1ST1), which can be recharged through a 5-V micro-USB connector 
and an on-board recharging integrated chip (IC) (Texas instruments, 
BQ25100YFPR). The battery voltage was conditioned to 3.3 V via a 
high-efficiency buck-boost converter (Richtek, RT6154B) and used 
to power the digital supply pins of the microcontroller (MCU) and 
AFE IC. Moreover, the sensitive analog voltage supply was formed 
from the 3.3-V rail by cascading a low-pass LC filter and a high-
power supply rejection ratio, precision, 2.8-V low drop-out regulator 
(Onsemi, NCP161AMX280TBG). This low noise rail sourced the 
analog domain of the AFE IC, the switch MUX matrix, and buffering 
op-amps. A complete circuit diagram for the recording module is 
provided in fig. S15.

The MCU (RP2350), supported as part of a Raspberry Pi Pico W 
control board, was programed to extract real-time data through SPI 
communication with the low power precision AFE IC (Analog De-
vices, AD5941). The AD5941’s integrated potentiostat, transimped-
ance amplifier (TIA), analog MUX, programmable gain amplifier 
(PGA), general purpose input output pins (GPIOs), and 16-bit suc-
cessive approximation register ADC functioned as the core stimu-
lating, conditioning, and sensing units of the electrochemical cell 
and combined to enable three different modes of operation. First, in 
potentiometric mode, the reference electrode was biased from an 
internal 1.1-V supply, and the potential difference between a given 
working electrode (K+, pH, second reference, or lactate) and the ref-
erence electrode was dynamically routed through the integrated 
MUX and conditioned by the PGA and ADC. Second, in ampero-
metric mode, the potentiostat applied an offset bias of −0.2 V to the 
working electrode (lactate only) with respect to the reference elec-
trode while the counter electrode was used to sink the induced elec-
trochemical current. This current was subsequently measured using 
the AD5941’s internal TIA. Last, in pulsed amperometric mode, the 
AFE’s GPIOs controlled a high input impedance switch matrix (Texas 
Instruments, TMUX1112RSVR) to form electrical connections to 
the lactate and counter electrodes. This enabled sequential switch-
ing between amperometric and potentiometric modes, while ensur-
ing that the counter electrode and lactate electrodes retained high 
impedance if unused. Moreover, all four potentiometric working 
electrodes were maintained in a voltage follower configuration us-
ing low noise and ultrahigh input impedance op-amps (Analog De-
vices, MAX40024) to reduce parasitic current leakage at the sensitive 
biointerfaced electrodes.

Through a custom communication application (implemented in 
MATLAB), incoming sensor data were streamed, and user-specified 
commands were received and transmitted via BLE 5.1 using the Pico’s 
on-board wireless transmission chipset (CYW43439). A balance 
between low power consumption and low noise was achieved by se-
lecting an appropriate sampling frequency (10 Hz), performing 
oversampling followed by decimation, and then signal averaging 
(n = 10) to achieve an effective 1-Hz measurement and refresh rate. 
Additional details on this measurement and communication proto-
col are provided in figs. S16 and S17. The wearability and practicality 
of the recording module, as well as its robustness against patient 
movement and minor impacts were also considered and are de-
scribed fully in fig. S18.

While the sampling protocol described above can only realize 
semicontinuous amperometric profiling, the much greater stability 
of lactate electrodes when operated in a pulsed mode supersedes the 
benefits associated with continuous measurement. Furthermore, the 

current lactate polling rate (one measurement every 10 min) is more 
than sufficient to meet the demands of clinical diagnostics. Should 
more frequent or on-demand measurements be necessary, additional 
functionality has been realized in the form of a single-point instanta-
neous lactate measurement implemented in software and firmware as 
presented in fig. S17. At the discretion of the operator, this function-
ality switches the recording apparatus into amperometric polling to 
obtain a single lactate measurement whenever desired. Should truly 
simultaneous measurement become necessary, the addition of a ded-
icated ADC handling potentiometric signals would accommodate 
the simultaneous collection of both potentiometric and ampero-
metric data.

Supplementary Materials
This PDF file includes:
Supplementary Text
Figs. S1 to S18
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and/or the Supplementary Materials. This study did not generate new materials. Custom 
software and firmware for the miniaturized potentiostat platform, as well as code used to 
simulate the electrochemical behavior of lactate electrodes, are freely available at https://
github.com/kmadsen2/Miniature_ion_probe and https://doi.org/10.5281/zenodo.17282685.
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